Introduction {#sec1}
============

Of all the model systems used to study the properties of biological membranes, supported lipid bilayers (SLBs) are one of the most common.^[@ref1],[@ref2]^ Consisting of a stack of one or more lipid bilayers, separated from a solid substrate and each other by hydration layers reported to be 1--2 nm thick,^[@ref3]^ SLBs are favored in part because of the relative ease with which they can be produced.^[@ref4]^ This, coupled with their stability, has allowed them to be used for a wide variety of different studies. These include investigations into membrane mechanical properties,^[@ref5]^ viral entry into cells,^[@ref6]^ micron-scale temperature gradients,^[@ref7]^ and protein--ligand interactions.^[@ref8]^

One property of SLBs, which differentiate them from typical biological membranes, is their interaction with the substrate. Many experiments on SLBs assume that the effects of the substrate--bilayer interactions on the structure and behavior of the bilayer are negligible. However, while the hydration layer, if present, does prevent direct contact between the bilayer and the support, a multitude of effects of the substrate on bilayer properties has been reported. These include, but are not limited to, decoupling of the phase transition between the two leaflets in the bilayer,^[@ref2],[@ref9],[@ref10]^ altered interleaflet sorting of lipids,^[@ref1],[@ref11]^ a reduced^[@ref12]^ or enhanced^[@ref13]^ capacity to form liquid-ordered (L~o~) domains, or altered lipid diffusion rates.^[@ref3],[@ref12]^ These effects are known to depend on the substrate material,^[@ref1]^ the chemical modifications applied to the substrate,^[@ref5],[@ref12]^ and the ionic strength of the medium.^[@ref11]^

In spite of all the work carried out thus far, the full extent of the influence of the substrate on the bilayer is not yet known. Notably, the effect of surface hydrophilicity on bilayer thickness has yet to be addressed experimentally. Bilayer thickness is known to modulate protein function,^[@ref14]^ and local bilayer thickness differences have been shown to affect the ability of proteins to interact with domains,^[@ref6]^ so it is important to understand how the support might affect this parameter. While some seek to minimize these assorted substrate effects by increasing the distance between the SLB and the support (through the use of polymer cushions^[@ref13]^ or multilamellar films,^[@ref15]^ for example, which however might introduce other interactions), many experiments are still conducted with the bilayer in close proximity to the support.

A diverse assortment of different techniques has been applied to study SLBs. The use of fluorescent labels is common as a facile way of rendering the SLB visible in optical microscopy, which can also be used to measure lipid diffusion^[@ref12],[@ref15]^ and lipid order^[@ref16]^ but is limited by photobleaching. Further, the need to incorporate these labels into the bilayer structure may perturb lipid packing,^[@ref17]^ and the labels themselves have been reported to cause peroxidation of membrane lipids.^[@ref13]^ X-ray and neutron scattering techniques provide high-resolution detail on the internal structure of the lipid bilayer but are technically complex and are ensemble techniques, requiring large volumes of either multilamellar stacks of hundreds of bilayers or dispersions of lipid bilayer vesicles,^[@ref18],[@ref19]^ and so are not suited to measure single supported bilayers. Atomic force microscopy (AFM) can generate thickness maps of SLB samples with high axial and lateral resolution^[@ref9]^ but cannot distinguish between the thickness of the bilayer itself and the underlying hydration layer.^[@ref20]^

Quantitative phase imaging is a family of optical microscopy techniques which measure the phase shift of light passing through or reflected from the sample. As the phase shift is proportional to the optical thickness of the sample, quantitative phase techniques require no exogenous contrast agents and can detect extremely small changes in sample thickness and refractive index.^[@ref21]^ Several such techniques have already been applied to model membranes. Variants of digital holographic microscopy have been used to measure lipid bilayer bending elasticity in unilamellar vesicles^[@ref22]^ and image-coexisting lipid phases in multilamellar bilayer stacks,^[@ref23]^ for example, and other forms of quantitative phase microscopy have been used to measure changes in cell membrane potential,^[@ref21]^ tension and bending modulus,^[@ref24]^ and ATP-induced changes in erythrocyte membranes.^[@ref25]^

Quantitative differential interference contrast (qDIC) is a form of quantitative phase imaging. It generates a quantitative relative phase profile across the sample by effectively integrating images acquired through conventional differential interference contrast using a procedure based on Wiener deconvolution.^[@ref26]^ This qDIC process has previously been used to measure the lamellarity of giant lipid vesicles^[@ref26]^ and has the advantage of being able to produce phase maps using a conventional DIC setup. Here, we show that qDIC is able to determine the optical thickness of individual lipid bilayers with 0.1 nm precision and identify thickness changes resulting from the substrate hydrophilicity and the medium ionicity. Furthermore, as an example of a more biologically relevant application, we use qDIC for the label-free detection of different membrane phases and show the thickness differences between liquid-disordered L~d~ and liquid-ordered L~o~ phases.

Experimental Section {#sec2}
====================

Lipid mixtures were prepared from stock solutions of 1,2-dioleoyl-*sn*-glycero-3-phosphocholine (DOPC), 1-palmitoyl-2-(dipyrrometheneboron difluoride)undecanoyl-*sn*-glycero-3-phosphocholine (TopFluorPC), chicken egg sphingomyelin (SM), and cholesterol (Chol) in chloroform, which were purchased in powder form from Avanti Polar Lipids (Alabaster, US) and used without further purification. 1,2-Dioleoyl-*sn*-glycero-3-phosphoethanolamine labeled with ATTO488 (ATTO488-DOPE) was purchased in the powder form from ATTO-TEC (Siegen, Germany).

SLBs were prepared by spin coating,^[@ref27]^ using (24 × 24) mm^2^ Menzel Gläser (Braunschweig, Germany) glass coverslips as substrates. Coverslips were cleaned by gentle wiping with acetone-soaked cleanroom paper, followed by piranha etching in a mixture of ACS grade sulfuric acid and hydrogen peroxide (30% in H~2~O) in a 3:1 volumetric ratio at 95 °C for 1 h. Etched coverslips were stored in nitrogen at 6 °C and used within 2 weeks to retain the surface hydrophilicity, which was quantified before use by depositing 2 μL droplets of distilled water (DW) on the surface and estimating the droplet contact angle (CA) from its radius and volume using the spherical segment assumption described by Chatterjee.^[@ref28]^ While quantitative phase imaging has been applied to directly measure the CA of microdroplets, these change their CA as they rapidly evaporate,^[@ref29]^ which would make it difficult to compare results between different coverslips. Macroscopic water droplets evaporate more gradually but cannot be imaged using our qDIC technique.

An alternative cleaning procedure involved sonicating the glass coverslips for 20 min in baths of toluene, followed by acetone, and then boiling in DW for 3 min. Finally, the coverslip was sonicated in a bath of hydrogen peroxide (30% in H~2~O) for at least 20 min. The coverslips were then stored in baths of hydrogen peroxide at the same concentration at 6 °C until needed. This process resulted in a surface hydrophilicity similar to that of piranha-etched coverslips when measured using the previously described hydrophilicity test.

Lipid mixtures were dissolved at 0.8 mg/mL in either 2-propanol or chloroform/acetonitrile (95:5 by volume) for bilayers formed almost exclusively from DOPC. For fluorescence labeling, either DOPE with the fluorophore ATTO488 attached at the head region (H-DOPE) or TopFluorPC (T-PUPC), which has the fluorophore attached to the tail region, was included in the lipid mixture at a concentration of 0.1 mol %. A volume of lipid solution just sufficient for full coverage (typically 300 μL for chloroform/acetonitrile solutions and 150 μL for 2-propanol solutions) was pipetted onto the cleaned glass coverslips mounted in a Laurell WS-650-23 spin coater and then rotated at a speed of 3000 rpm for 30 s, with 6 s acceleration and deceleration stages. All solvents were of HPLC grade purchased from Sigma-Aldrich (St. Louis, US).

After spin-coating, the samples were subjected to a 1 h prehydration process in which the coverslips were placed in a 50 mL centrifuge cylinder containing a small piece of tissue soaked in DW and heated to 37 °C. The cylinder was filled with nitrogen in order to prevent peroxidation of the lipids. The bilayer was then sealed into an enclosed chamber using a microscope slide and a Grace Bio-Labs (Bend, US) SecureSeal imaging spacer. The interior of the chamber was filled with a pH 7.4 phosphate buffered saline (PBS) solution at 1× concentration from Gibco (Gaithersburg, US) or DW, both degassed in vacuum for approximately 5 min immediately before use to eliminate small air bubbles which were visible in DIC. Samples made to investigate liquid--liquid phase coexistence were left for 5 days at 6 °C in order to allow micron-scale L~o~ domains to form. All others were imaged on the day of preparation.

SLB patches were formed by rupturing giant unilamellar vesicles (GUVs) on piranha-etched glass surfaces. Ten microlitre droplets of 1 mg/mL DOPC/ATTO488-DOPE (99.9:0.1) were deposited on each of two tantalum electrodes, which were placed under vacuum for 1 h to remove the trace solvent. The electrodes were then immersed in DW which had been degassed in vacuum for 5 min, and an ac electric field was applied. For the first hour, the field used square wave modulation at 10 Hz, 1.2 V~pp~, after which the field was changed to a sinusoidal modulation at 1.5 V~pp~, at 5 Hz for 30 min, then 2 Hz for 15 min, and then finally 1 Hz for another 15 min. Sixty-five microlitres of this vesicle solution was placed on an etched surface and left for 30 min, at which point 65 μL PBS was added to induce the vesicles to rupture. This was then exchanged with excess PBS to remove free-floating vesicles remaining in the medium.

Fluorescence and DIC images were taken on a Nikon Ti-U inverted microscope using a 20× 0.75 NA dry objective and a 1.5× tube lens, detected by a CCD camera (Hamamatsu Orca 285, having 1344 × 1024 pixels of 6.45 μm size, 18 ke full well capacity, 7 e read noise). A 100 W halogen lamp was used for transillumination. The lamp was switched on 20 min before imaging to ensure that the lamp output was stable. The lamp output was filtered using a Schott BG40 filter (to remove infrared light detected by the camera but outside the operating range of the DIC polarizers) and a Nikon green interference filter to select for a center illumination wavelength λ~0~ = 550 nm (50 nm full width at half maximum). Fluorescence illumination used a Prior Lumen 200 lamp with a Semrock GFP-A-Basic-000 filter cube. Nikon ND4 and ND8 filters were used to attenuate the lamp intensity as necessary.

All DIC images were taken using Nikon N2 prisms, providing a shear distance (the separation of the orthogonal polarizations at the sample, providing the shift of the two images forming the differential) measured as (238 ± 10) nm. To reduce image noise, DIC images were averaged over 100 frames, each with 100 ms exposure time, and around 15 ke detected per pixel, resulting in a root-mean-square (rms) shot noise in the single pixel intensity of about 0.08%. The effect of the number of averages on image noise is discussed further in the [Supporting Information](http://pubs.acs.org/doi/suppl/10.1021/acs.langmuir.9b02538/suppl_file/la9b02538_si_001.pdf) section S4. To suppress the effects of inhomogeneous illumination, two sets of DIC images *I*~±~ were taken for each region of interest, one with the de-Sénarmont compensator polarizer angle set to either +12.9° or +15° and the other with the polarizer set to the negative of this angle. From each of these image pairs, a contrast image *I*~C~ = (*I*~+~ -- *I*~--~)/(*I*~+~ + *I*~--~) was created, which is the measured phase gradient in units of the inverse shear distance. It is then integrated to provide a qDIC phase image, as described in refs.^[@ref30],[@ref31]^ Fluorescence images were taken with 1 s exposure time, and intensities are given in detected photoelectrons (pe) per pixel. A weak background (typically around 800 pe/s) measured in regions without lipid was subtracted.

Results and Discussion {#sec3}
======================

Measuring Bilayers with qDIC {#sec3.1}
----------------------------

Measurements were made on multilamellar films formed from DOPC labeled with H-DOPE. DOPC is a widely used lipid which forms a single fluid (L~d~) phase at room temperature. The different lamellarities in the lipid film are clearly visible in the qDIC images, matching the pattern seen in the corresponding fluorescence images, as shown in [Figure [1](#fig1){ref-type="fig"}](#fig1){ref-type="fig"}. Small differences in the position of bilayer edges are due to the time delay between acquisition of the fluorescence and DIC images. Long-range modulations orthogonal to the DIC shear direction are present in the qDIC phase images, which are integration artefacts.^[@ref30],[@ref31]^ For clarity, in the figures we present, we show qDIC phase images that have been additionally treated with an energy minimization process (see [Supporting Information](http://pubs.acs.org/doi/suppl/10.1021/acs.langmuir.9b02538/suppl_file/la9b02538_si_001.pdf) section S1) to minimize such artefacts unless otherwise stated.

![Images of the edge of a DOPC lipid film, showing regions of different lamellarities on a gray scale as given. (a) Fluorescence (*M* = 600 pe, *m* = 0 pe), (b) qDIC contrast (*m* = −0.004, *M* = 0.004), and (c) qDIC phase (*m* = −10 mrad, *M* = 15 mrad). In the fluorescence image, the black regions (∼0 pe) correspond to areas where there is no bilayer present, the dark gray regions (∼290 pe) are areas where there is a single bilayer on the surface, and the light gray regions are areas of two bilayers (∼550 pe). Likewise, in the qDIC phase image, the darker regions correspond to regions of low optical thickness (where there is no bilayer present), while two lighter shades of gray correspond to regions of one or two bilayer thickness.](la9b02538_0001){#fig1}

From the integrated qDIC data, the optical thickness of each bilayer can be determined by measuring the phase step over the bilayer edge. All analysis is carried out on the data without energy minimization, as the latter can introduce systematic errors. In order to reduce the influence of the integration artefacts, line profiles were taken roughly along the shear direction (within 13° rms over all profiles), as illustrated in [Figure [2](#fig2){ref-type="fig"}](#fig2){ref-type="fig"}. To reduce noise, an average was taken over typically eight pixels perpendicular to the line. The phase step-height was obtained by fitting the functionto the qDIC phase versus position *x* using nonlinear least squares fitting with the Curve Fitting Tool in MATLAB R2015a. In [eq [1](#eq1){ref-type="disp-formula"}](#eq1){ref-type="disp-formula"}, *a* is the step height, *b* is the step position, *c* is the step width, and *d* and *e* provide a linear background gradient. An example fit is shown in [Figure [2](#fig2){ref-type="fig"}](#fig2){ref-type="fig"}a. In some cases, mostly at double bilayer edges, an additional feature in the phase profile was observed, which was accounted for by the addition of the peak-shaped term *f* sech\[(*x* -- *g*)/*c*\] to [eq [1](#eq1){ref-type="disp-formula"}](#eq1){ref-type="disp-formula"}, where *f* and *g* are peak height and position, as shown in [Figure [2](#fig2){ref-type="fig"}](#fig2){ref-type="fig"}d. We attribute this feature to the bilayer "rolling over" at the edges of the bilamellar region, resulting in a band of higher phase at the perimeter, an example of which we show in [Figure [2](#fig2){ref-type="fig"}](#fig2){ref-type="fig"}f.

![Examples of phase profiles taken over bilayer edges. A typical profile over a single bilayer edge fitted with [eq [1](#eq1){ref-type="disp-formula"}](#eq1){ref-type="disp-formula"} is shown in (a), with (b) showing the corresponding qDIC phase image, on a gray scale (see [Figure [1](#fig1){ref-type="fig"}](#fig1){ref-type="fig"}) from −12 to +13 mrad. The region from which the profile was extracted is shaded in yellow. (c) Sketch of a corresponding bilayer edge structure (not to scale). Panel (d) shows a fit to a double bilayer step, incorporating the sech term to accommodate a hump in the phase profile, with (e) showing the corresponding qDIC phase image, on a gray scale from −30 to 0 mrad. (f) Sketch of a corresponding bilayer edge structure. The qDIC phase images (b,e) are not treated with the energy minimization process.](la9b02538_0002){#fig2}

The measured phase step height *a* was then converted into a thickness step height *h* usingwith the refractive index of the layer, *n*~l~, and of the medium, *n*~m~, and the light wavelength λ~0~. Considering that the sample is imaged close to normal incidence, for *n*~l~ we use the ordinary refractive index of DOPC, *n*~DOPC~ = 1.445.^[@ref32]^ For *n*~m~, we use the refractive index of the PBS solution, *n*~PBS~ = 1.3341,^[@ref33]^ near λ~0~ = 550 nm. For the example step shown in [Figure [2](#fig2){ref-type="fig"}](#fig2){ref-type="fig"}, the phase step height was found to be (4.49 ± 0.11) mrad. Converting this to absolute thickness and accounting for uncertainties in the refractive index measurements, the width of the wavelength distribution and the confidence limits of the MATLAB fit give a thickness value and associated error on the individual step of (3.78 ± 0.23) nm. To reduce the error, multiple steps were measured over different regions of the bilayer edge and the mean taken.

During imaging, the focusing can vary slightly. We therefore investigated the effect of defocus on the measured thickness, by imaging the same regions at different defocuses. Adjusting the defocus over a range of ±1.2 μm did not significantly alter the mean thickness measured in a given region, as shown in the [Supporting Information](http://pubs.acs.org/doi/suppl/10.1021/acs.langmuir.9b02538/suppl_file/la9b02538_si_001.pdf) section S2.

To investigate the influence of the reproducibility of the polarizer settings, the same region of interest was imaged three times, with an independent polarizer calibration each time. When the same steps in each image were measured (see [Supporting Information](http://pubs.acs.org/doi/suppl/10.1021/acs.langmuir.9b02538/suppl_file/la9b02538_si_001.pdf) section S3), it was found the mean optical thickness values measured from each image varied by only 0.06 mrad, below the threshold for statistical significance, and corresponding to a thickness variation of 0.05 nm. The precision of the step-height measurement was found to be limited by the roughness of the glass surface, as shown in the [Supporting Information](http://pubs.acs.org/doi/suppl/10.1021/acs.langmuir.9b02538/suppl_file/la9b02538_si_001.pdf) section S5.

L~d~ Phase SLB Thickness {#sec3.2}
------------------------

### Effect of the Substrate {#sec3.2.1}

The thicknesses of the different bilayer steps in the lipid film were determined using the discussed procedure. Several different factors affecting the thickness of the SLB were identified. One factor which may influence bilayer thickness is local bilayer coverage, so to eliminate the influence of coverage, and the data presented in this section are for regions of the sample where the local bilayer coverage is below 90%. The justification for this will be given in the next section.

Using the step from 0 to 1 bilayers, the mean thickness of the first bilayer (the bilayer closest to the support) was found to be 4.08 ± 0.03 nm as a mean of *n* = 178 steps measured. The second bilayer, measured using the step from 1 to 2 bilayers, showed a thickness of 4.52 ± 0.03 nm (*n* = 186), which is 0.44 nm larger than the first bilayer. The combined thickness of the first and second bilayers, measured at steps where the edges of the first two bilayers align, was 8.72 ± 0.06 nm (*n* = 134), consistent with the sum of the individual bilayer thicknesses. All errors given are statistical errors of the mean over *n* steps. They therefore describe the precision of measurements and do not include systematic errors due to the refractive indices and shear values used in the DIC analysis. The shear value was determined with an error of 4% previously. The refractive index used for the analysis is discussed separately for the different lipid bilayers. A refractive index change by 0.01 leads to a relative thickness change of about 10%. We emphasize that qDIC measures the optical thickness of the layer, and separating this measurement into a thickness and a refractive index requires additional information.

The second bilayer thickness measurements are in good agreement with the thickness of DOPC membranes in DW of 4.57 ± 0.05 nm obtained from X-ray scattering experiments taken at 15 °C,^[@ref18]^ as well as the 4.62 ± 0.15 nm thickness measured in SANS experiments at 25 °C.^[@ref19]^ The observed agreement within 2% indicates that the systematic error due to the refractive index is small.

This observed thickness difference is present in three independent samples prepared using the same preparation conditions (see [Section S7](http://pubs.acs.org/doi/suppl/10.1021/acs.langmuir.9b02538/suppl_file/la9b02538_si_001.pdf)) and so is not a random statistical fluctuation. A possible origin of the thickness difference could be that residual sulfur from the piranha-etching process is present on the surface of the coverslip, resulting in peroxidation of the lipids. Such peroxidation would result in reduced bilayer thickness.^[@ref34]^ Indeed, our earlier measurements, which used an older DOPC lipid stock, showed slightly reduced (by ∼0.2 nm) bilayer thicknesses compared with measurements made on bilayers formed from newly ordered DOPC, which we tentatively attribute to slight peroxidation of the lipids. To investigate the possible influence of sulfur, we used the alternative cleaning procedure described in the materials and methods section. This cleaning process gives the glass a hydrophilicity (CA 4.9 ± 0.5°) similar to that produced by piranha-etching, without using sulfur. We find that the relative thickness of the first bilayer compared to the second is 0.897 ± 0.008, in good agreement with the measurements on piranha-etched surfaces and thus contradicting the above hypothesis.

Another possible origin for the thickness difference between the first and second bilayers in the multilamellar film is an interaction between the substrate and the first bilayer, altering the bilayer structure. One surface property already known to affect bilayer behavior is its hydrophilicity, reported for lipid diffusion rates and domain formation within the bilayer,^[@ref12]^ as well as the degree to which bilayers can slide over the support.^[@ref5]^

To test the hypothesis that interactions with the substrate controlled by hydrophilicity cause the thickness difference, SLBs were formed on glass surfaces with different surface treatments. One substrate was cleaned only by wiping with acetone-soaked lens paper, and another one was stored in air at room temperature for 4 days after piranha etching. The resulting CAs and bilayer thicknesses are listed in [Table [1](#tbl1){ref-type="other"}](#tbl1){ref-type="other"} and plotted in [Figure [3](#fig3){ref-type="fig"}](#fig3){ref-type="fig"}. While the absolute thickness was reduced in the older lipids (see [Section S7](http://pubs.acs.org/doi/suppl/10.1021/acs.langmuir.9b02538/suppl_file/la9b02538_si_001.pdf)), the relative changes in bilayer thickness were approximately the same as for the new stock, and so thicknesses are presented relative to the second bilayer thickness of the same sample. For comparison, repeat measurements on a hydrophilic surface taken with new lipid stock are also included. We find that with decreasing surface hydrophilicity, the thickness difference between the first two bilayers decreases, and no statistically significant thickness difference is found for the nonetched surface. Furthermore, no statistically significant difference between the second and third bilayer thickness was observed, independent of surface treatment.

![Thickness of the first relative to the second bilayer in supported lipid films formed on substrates with different surface hydrophilicities quantified by the water CA. Squares represent the older lipid stock, while inverted triangles represent data taken with fresh lipid stock.](la9b02538_0003){#fig3}

###### Surface Treatments and Corresponding Bilayer Thicknesses Relative to the Second Bilayer[a](#t1fn1){ref-type="table-fn"}

  CA (°)   medium   first bilayer thickness   second bilayer thickness   third bilayer thickness
  -------- -------- ------------------------- -------------------------- -------------------------
  3.5      PBS      0.919 ± 0.007\*           1.000\*                    0.983 ± 0.025\*
  11.3     PBS      0.927 ± 0.015\*           1.000\*                    1.011 ± 0.017\*
  41.7     PBS      1.002 ± 0.005             1.000                      0.974 ± 0.014
  3.5      DW       0.891 ± 0.028\*           1.000\*                    N/A

Data, which are taken from samples prepared using the older lipid stock, are marked with an asterisk.

While the surface treatment used changes not only the hydrophilicity measured by the CA but also the surface roughness on an atomistic scale, the hydrophilicity appears to be the relevant quantity, as surfaces treated with hydrogen peroxide, instead of piranha-etching, achieving the same CA, show the same thinning effect.

Computational studies have suggested that a hydrophilic support induces a movement of lipid molecules from the distal (facing away from the support) leaflet to the proximal (support facing) leaflet of the bilayer, driven by the attractive interaction between the lipid headgroups and the support.^[@ref4]^ It is this effect, illustrated in [Figure [4](#fig4){ref-type="fig"}](#fig4){ref-type="fig"}, that we hypothesize to be the cause of the changes in the first bilayer thickness. The lipid movement would create two competing effects on the measured bilayer thickness; a loss of lipid density from the distal leaflet which reduces the optical thickness and an increase in lipid density in the lower leaflet which increases the optical thickness. Our data suggest that the former is the dominant effect, consistent with these computational studies. Coarse-grained molecular dynamics simulations^[@ref4]^ have indicated that the resistance of the lower leaflet to compression should result in the bilayer undergoing an overall area expansion with increasing interaction energy, which by volume conservation would lead naturally to the reduction in thickness that we measure experimentally.

![Illustration showing how a trans-leaflet movement of lipids can cause the bilayer thickness to reduce from its initial state (A) to its final equilibrium state (B). The overall bilayer area is increased because of the relative incompressibility of the lower leaflet in response to the movement of lipids.](la9b02538_0004){#fig4}

In order to explain the observed 10% thickness reduction, the upper leaflet would have to undergo an areal expansion of approximately 20%. This may seem high given that the typical rupture strain of SLBs is around 2%^[@ref35]^ but ruptures require regions of low hydrophobic density in both leaflets in order to form,^[@ref36]^ and the high lipid packing in the lower leaflet would prevent this. The stress in the upper leaflet counterbalances the difference in surface energy between upper and lower leaflets, leading to an equilibrium. The lower leaflet is under a corresponding compressive stress; however, under compression, the leaflet shows a hard-core repulsion,^[@ref37]^ making the strain in the lower leaflet much less than in the upper leaflet, thus not compensating the change in surface density.

As we measure optical thickness which is dependent not only on sample thickness but refractive index as well, the thickness difference, we observe in our data, might be partially caused by a change in refractive index of the bilayer. While we cannot exclude this effect, the 9.7% reduction in thickness we find is in good agreement with computational studies which predict that the thickness of lipid bilayers close to the support would be reduced by 10.6%.^[@ref38]^

### Effect of Labeling {#sec3.2.2}

All the measurements described so far have been taken in bilayers including 0.1 mol % head-labeled fluorophore. In order to determine what effect, if any, the choice of fluorophore is having on the bilayer structure, measurements were made of bilayers labeled with 0.1 mol % of a lipid with the fluorophore attached at the tail, T-PUPC, as well as bilayers not containing any fluorescent label.

Interestingly, the thickness difference between the first and second bilayer was lower for the T-PUPC-labeled samples than the H-DOPE-labeled samples, as shown in table [Table [2](#tbl2){ref-type="other"}](#tbl2){ref-type="other"}. The thickness of the T-PUPC-labeled samples is effectively the same as for the unlabeled samples, suggesting that the ATTO fluorophore is somehow enhancing the effect of the support on bilayer thickness. It may be that the large ATTO488 fluorophore increases the effective size of the lipid headgroup to an extent which allows it act as an "umbrella", shielding the hydrophobic tails in the upper leaflet from water as the upper leaflet is stretched, in a manner analogous to how cholesterol is shielded from the medium by lipids with larger headgroups. This would reduce the energetic penalty of stretching and shift the equilibrium point toward more lipid movement.

###### Measured Thicknesses for Bilayers with Different Fluorophores[a](#t2fn1){ref-type="table-fn"}

  fluorophore   first bilayer thickness (nm)   second bilayer thickness (nm)   thickness difference (nm)
  ------------- ------------------------------ ------------------------------- ---------------------------
  H-DOPE        4.08 ± 0.03 (*n* = 178)        4.52 ± 0.03 (*n* = 186)         0.44 ± 0.04
  T-PUPC        4.13 ± 0.02 (*n* = 408)        4.37 ± 0.03 (*n* = 238)         0.24 ± 0.03
  none          4.08 ± 0.03 (*n* = 152)        4.38 ± 0.03 (*n* = 181)         0.29 ± 0.04

The number of measurements, *n*, is given in brackets.

### Effect of Coverage {#sec3.2.3}

The hypothesis of lipid motion to the lower leaflet requires a lateral edge of the first bilayer, that is, incomplete surface coverage. Without such edges, we would not expect the mechanism to be effective. We have therefore investigated samples of varying surface coverages using data from our early experiments. Lipid films formed from 1.0 mg/mL DOPC/T-PUPC (99.9:0.1) solution with low number of empty regions (average surface coverage 97%) in the first bilayer showed a clear reduction in the thickness difference from the 0.24 nm measured for T-PUPC-labeled bilayers with a large number of empty regions to just 0.09 ± 0.05 nm. When the surface coverage was reduced slightly (to an average of around 80%) by reducing the concentration of the DOPC/T-PUPC mixture to 0.8 mg/mL, the thickness difference between the first and second bilayer increased to 0.18 ± 0.04 nm.

This influence of coverage on the thickness difference is also visible within individual fields of view, as shown in [Figure [5](#fig5){ref-type="fig"}](#fig5){ref-type="fig"}. It was found that in fields of view where the relative surface coverage was above 90%, the local difference in thickness between the first and second bilayers reduced, apparently vanishing for near total surface coverage. This is consistent with our hypothesis, as without available free substrate surface, the difference in surface energy does not lead to strain developing in the upper leaflet. In the case of bilayers formed on nonetched surfaces, no relationship between coverage and local thickness difference was observed. Because of this finding, the first bilayer thickness measurements used to explore other effects on the bilayer thickness (such as the previously discussed fluorophore and hydrophilicity effects) were taken only from regions with less than 90% coverage to provide a well-defined regime of the substrate effect. Some images of different bilayer coverages are given in the [Supporting Information](http://pubs.acs.org/doi/suppl/10.1021/acs.langmuir.9b02538/suppl_file/la9b02538_si_001.pdf) section S6.

![Measured thickness reduction of the first bilayer as function of local surface coverage for PBS or DW hydration media. The concentration of the lipid solution during spin-coating is given in brackets, and the surface hydrophilicity is given by the CA.](la9b02538_0005){#fig5}

### Effect of the Medium {#sec3.2.4}

Another variable influencing the surface energies is the hydration medium. The PBS solution used has an osmolality between 280 and 315 mOsm/kg (given by the manufacturer) which would screen polar interactions beyond a Debye length of 0.8 nm, thus affecting the interaction between the lipid bilayer and the substrate. Such changes in bilayer--substrate interaction have been shown to alter membrane properties including lipid diffusion and bilayer compression.^[@ref15]^ In order to understand what effects this has on the bilayer thickness, DOPC supported bilayers were prepared using DW as the hydration medium. Bilayers formed in DW tended to have more vesicular structures adhered at bilayer edges, with diameters of a few microns.

The refractive index of the DW hydration medium was taken to be 1.3340,^[@ref39]^ slightly smaller than the PBS refractive index. It was found that the thicknesses of the first and second lipid bilayers were 4.83 ± 0.06 nm (*n* = 83) and 5.42 ± 0.16 nm (*n* = 27), respectively, significantly larger than measured for bilayers hydrated in PBS. The thickness difference between the first and second bilayers (measured in regions where the surface coverage was below 0.9) of 0.59 ± 0.17 nm is similar to that observed for bilayers formed in PBS.

Our observation that bilayers are thicker in DW than the relatively high ionic strength PBS solution is surprising given previous literature showing that high ionic strength increases bilayer compression^[@ref15],[@ref40]^ and for sufficiently high ionic strengths increases bilayer thickness.^[@ref41],[@ref42]^ For example, dual polarization interferometry experiments assuming a fixed, isotropic bilayer refractive index have shown that addition of 2 mM Ca^2+^ increases the thickness of a DOPC bilayer by almost half a nanometre.^[@ref43]^ The nature of the interaction between ions and the lipid bilayer varies greatly depending on the charge, size, valency, and concentration of the ions used,^[@ref41]^ as well as bilayer composition and phase,^[@ref42],[@ref43]^ and bilayer thickness has also been found to decrease with increasing osmolarity within certain ionic strength ranges.^[@ref42]^ However, AFM measurements of gel-phase bilayers in PBS solutions with the same ionic strength as used in our experiment have shown an overall increase in lateral bilayer compression,^[@ref40]^ which would be expected to produce an overall increase in bilayer thickness from volume conservation arguments.

Also counter-intuitive is the observation that the change in bilayer thickness is unaffected by the presence or absence of ions, given that multiple experiments have previously demonstrated that the presence of ions can block bilayer--substrate interactions,^[@ref15]^ resulting in the bilayer properties becoming closer to those of a free floating membrane; for bilayers formed on mica, for example, sufficiently high ionic strengths can prevent decoupling of the main (gel-to-fluid) phase transition on different leaflets of the bilayer.^[@ref15]^

We can therefore speculate that the bilayer formation pathway has an effect on the measured bilayer thickness. Virtually, all experiments on the effect of ions on the bilayer were conducted using SLBs formed using the vesicle fusion technique, that is, from bilayers which were already formed with both leaflets exposed to the medium. In our preparation procedure instead, a dry lipid film after spin-coating is first hydrated in 100% humidity and then exposed to the hydration medium. This may result in the bilayer--substrate interface forming without a hydration layer or with a reduced hydration layer in the absence of salt ions. The hydration medium might therefore not have sufficient time to penetrate into the substrate---lower leaflet interface.

To investigate this, we formed SLB patches from the rupture of DOPC/H-HOPE (99.9/0.1) GUVs. The open edges of these patches can act as sites of lipid exchange between leaflets similar to the empty areas in the spin-coated bilayers. In this system, the glass substrate is already fully hydrated when the bilayer becomes adhered to the surface. A limitation of the system is that these patches are all unilamellar, so there are no bilamellar regions available for comparison within a single sample. We measure the thickness of this first bilayer to be 4.13 ± 0.05 nm (*n* = 56). This is in good agreement with the first bilayer measurements made on spin-coated samples on similarly treated surfaces. This suggests that the thickness reduction of the first bilayer is independent of the sample preparation technique.

Summarizing, we find that for fluid-phase DOPC bilayers on hydrophilic substrates, with incomplete surface coverage, the first bilayer has a thickness reduced by about 10% (0.4 nm), which we attribute to the strain in the upper leaflet introduced by the decreased surface energy of the substrate-side leaflet because of the attractive interaction with the substrate.

Liquid-Ordered Domains {#sec3.3}
----------------------

Here, we investigate bilayers that show coexistence between liquid-disordered (L~d~) and liquid-ordered (L~o~) phases, which occurs in ternary mixtures of DOPC, cholesterol (Chol), and SM. The micronscale liquid-ordered domains formed by this lipid mixture are a widely used model for the lipid rafts that appear in biological membranes. Supported bilayers were prepared in PBS from a four component lipid mixture consisting of DOPC/SM/Chol/H-DOPE at a molar ratio of 54.9/25.0/20.0/0.1, which is known to form cholesterol-enriched (L~o~) domains at room temperature.^[@ref44]^ While the exact properties of L~o~ domains vary with composition, they are generally thicker^[@ref6],[@ref45]^ and have a higher refractive index^[@ref32]^ than the surrounding liquid-disordered phase, making them visible using qDIC.

Images of a representative region are given in [Figure [6](#fig6){ref-type="fig"}](#fig6){ref-type="fig"}. The fluorescence image shows a large homogeneous area, attributed to a single L~d~ bilayer. This area shows rounded patches with no fluorescence. In qDIC, we find that these patches correspond to convex inclusions in the L~d~ domain, with optical thicknesses greater than the surrounding L~d~ bilayer. These are attributed to L~o~ domains, which are known to exclude H-DOPE.^[@ref46]^ Note that using fluorescence only, the L~o~ domains cannot be distinguished from holes in the L~d~ domain, see, for example, the hole in the middle-right of [Figure [6](#fig6){ref-type="fig"}](#fig6){ref-type="fig"}. To distinguish them, an additional fluorescent marker of different color enriching in the L~o~ domains would need to be employed. High-contrast objects in the fluorescence and qDIC images are small vesicles adhered to the surface of the bilayer. More analysis, including double bilayers, is given in the [Supporting Information section S9](http://pubs.acs.org/doi/suppl/10.1021/acs.langmuir.9b02538/suppl_file/la9b02538_si_001.pdf).

![DOPC/SM/Chol/H-DOPE SLB with L~o~ domains excluding the fluorescent labels, shown in (a) background subtracted fluorescence (*m* = 0 pe, *M* = 109 pe), (b) qDIC contrast (*m* = −0.02, *M* = +0.02), (c) qDIC phase (*m* = 1.6 mrad, *M* = 34.5 mrad), and (d) a composite image showing the phase (red) and fluorescence (green). Imaged at room temperature.](la9b02538_0006){#fig6}

The expected compositional differences between the L~o~ and the L~d~ domains are taken into account in the analysis of the height by using slightly different refractive index values of 1.445 for L~d~ and 1.450 for L~o~ phases, based on plasmon waveguide resonance measurements of SLBs formed from DOPC and porcine brain SM.^[@ref32]^ The thickness of the L~o~ phase is then determined by extracting the optical thickness difference over the domain edge by fitting to [eq [1](#eq1){ref-type="disp-formula"}](#eq1){ref-type="disp-formula"}, then adding the thickness of the L~d~ phase which is directly measured at other points on the sample by the same procedure as for the single-component bilayers. The resulting thickness of the L~d~ phase is (3.90 ± 0.05) nm (*n* = 48), while that of the L~o~ phase is (5.19 ± 0.06) nm (*n* = 48). There was no evidence of significant thickness differences between domains, and also no correlation between thickness and domain size over the 10--800 μm^2^ size range that was analyzed (see [Supporting Information](http://pubs.acs.org/doi/suppl/10.1021/acs.langmuir.9b02538/suppl_file/la9b02538_si_001.pdf) section S9).

Thin "branch-like" regions are visible, extending from the L~d~ layer in the top part of the image, which appear to be regions where the bilayer has rolled up on itself to form tubes. The optical thickness and fluorescence of these tubes can be measured by taking line profiles perpendicular to the tube length and integrating the tube line profile. These area measurements are converted to tube circumference values by dividing through the step height of the second bilayer measured in the same modality and the same sample region using [eq [1](#eq1){ref-type="disp-formula"}](#eq1){ref-type="disp-formula"}. The results are shown in [Figure [7](#fig7){ref-type="fig"}](#fig7){ref-type="fig"}, including results on tubes in a pure L~d~-phase DOPC/H-DOPE (99.9/0.1), for comparison. The circumferences obtained from the optical thickness and fluorescence are approximately proportional to each other, with the fluorescence being some 15--20% lower. In a tubular geometry, the birefringence of the lipid bilayer might cause a skew toward higher optical thickness. Using *n*~e~ -- *n*~o~ = 0.01586,^[@ref43]^ there is a 14% increase in optical thickness for the extraordinary index. Assuming a circular geometry, its contribution is half of this for light polarized across the tube and absent for light polarized along the tube. Averaging the two cases leaves a 3.6% increase in optical thickness. Another consideration is the orientation of the fluorophore or its steric exclusion from high curvature.

![Plot of estimated circumference of tubes from both optical thickness and fluorescence data, for tubes in both a pure L~d~ phase sample and a sample showing L~o~/L~d~ phase coexistence. The ideal 1:1 relationship between the optical thickness and fluorescence data is shown as a dashed line.](la9b02538_0007){#fig7}

Notably, there is no clear difference in the ratio between the two circumferences between the pure L~d~-phase sample and the sample with liquid--liquid phase coexistence, indicating that the tubes are a homogeneous L~d~ phase. This is expected because L~o~ domains tend to be excluded from regions of high curvature.^[@ref47]^

The effect of surface hydrophilicity on the properties of the domains was explored by using an etched coverslip exposed to air as a surface of reduced hydrophilicity. Consistent with our observations on pure DOPC bilayers, the absolute thickness of both phases in the first bilayer of the ternary sample was lower on the more hydrophilic surface, as shown in [Figure [8](#fig8){ref-type="fig"}](#fig8){ref-type="fig"}.

![Measured thicknesses of L~o~ and L~d~ phases in the first bilayer of DOPC/SM/Chol lipid mixtures under different preparation conditions. Error bars are the standard error of the mean.](la9b02538_0008){#fig8}

The experiment was repeated on a bilayer not containing fluorescent labels, formed from DOPC/SM/Chol (55/25/20). In this sample, the thickness was 3.89 ± 0.03 nm (*n* = 72) for the L~d~ phase and 4.96 ± 0.06 nm (*n* = 84) for the L~o~ phase. Measuring the phase steps between the coexisting phases, the difference in height between them was found to be 1.06 ± 0.06 nm, significantly smaller than the height difference of 1.29 ± 0.08 nm found in the fluorescently labeled sample. The thickness difference between coexisting domains in the unlabeled bilayers is consistent with the 0.9 ± 0.2 nm value measured for similar lipid compositions^[@ref48]^ using AFM.

The increase in the L~o~ to L~d~ thickness difference in the labeled samples by 0.2 nm is surprising, given that such low fluorophore concentrations (0.1 mol %) are generally assumed not to have a significant influence on large-scale bilayer properties.^[@ref17]^ To better understand this finding, we measured the thickness difference in the second bilayer, and find that it is not affected by the fluorophore (see [Section S10](http://pubs.acs.org/doi/suppl/10.1021/acs.langmuir.9b02538/suppl_file/la9b02538_si_001.pdf)). The observed effect in the first bilayer can therefore be understood as the result of the H-DOPE fluorophore enhancing the thinning of the L~d~ phase because of substrate hydrophilicity, as seen in pure L~d~-phase bilayers, while the fluorophore-excluding L~o~ phase is unaffected. The data presented in [Table [2](#tbl2){ref-type="other"}](#tbl2){ref-type="other"} show that the thickness reduction of the L~d~ phase is 0.2 nm greater in magnitude for bilayers containing 0.1 mol % H-DOPE, consistent with the 0.2 nm difference in the step height between labeled and unlabeled ternary mixtures.

Summary and Outlook {#sec4}
===================

qDIC imaging has been applied to SLBs in order to provide optical contrast between different bilayer phases not relying on exogenous labels and to precisely measure changes in the thickness of lipid bilayers of known refractive index. The mean thickness values obtained using qDIC on a simple system (DOPC) averaging over more than 100 measurements are in agreement within the 0.1 nm statistical error with measurements taken using X-ray and SANS.

The effect of the substrate on the thickness of lipid bilayers in direct proximity has been measured and found to be dependent on the chemical modifications applied to the surface, with strongly hydrophilic surfaces (CA 3.5°) causing reductions in a first bilayer thickness of up to 0.6 nm, while for untreated glass surfaces (CA 41.7°), the difference was below 0.1 nm. We attribute this behavior to a movement of lipids from the upper to the lower leaflet in order to maximize the number of hydrophilic head groups near the support. The magnitude of this effect is dependent on the choice of fluorophore, with head-labeled lipids enhancing the reduction and tail-labeled lipids not having a noticeable influence on the reduction, as well as the ionic strength of the hydration medium, which is also observed to have an effect on bilayer thickness.

In ternary mixtures of DOPC, cholesterol, and SM, the formation of L~d~ and L~o~ domains was imaged, and their thickness is determined to be 3.89 ± 0.03 and 4.96 ± 0.04 nm, respectively. Notably, the thickness difference in the first bilayer was found to be dependent on the presence of the label H-DOPE, with the ordered domains appearing 0.2 nm taller when the label is incorporated into the bilayer, because of the effect of the fluorophore on the L~d~ phase thickness in the first bilayer.

As an outlook, we emphasize the high sensitivity and image quality obtained with the qDIC method used, which can be performed with widely and commercially available microscopes having DIC contrast and a digital camera. The method allows to observe coexisting phases in lipid bilayers in a label-free and quantitative fashion, enabling the observation of unperturbed systems and separating multiple phases using quantitative thickness measurements, opening a new paradigm in the study of phase transitions and their dynamics in lipid membranes.

The Supporting Information is available free of charge on the [ACS Publications website](http://pubs.acs.org) at DOI: [10.1021/acs.langmuir.9b02538](http://pubs.acs.org/doi/abs/10.1021/acs.langmuir.9b02538).Energy minimization of the qDIC phase; effect of defocussing on phase measurements; effect of reproducibility of polariser rotation; effect of DIC image averaging on phase measurements; measurement of glass noise; variation of bilayer coverage across sample; absolute thickness values corresponding to table I; domain thickness versus domain area; fluorescence and thickness of double bilayer domains; optical thickness difference between liquid ordered and liquid ordered domains ([PDF](http://pubs.acs.org/doi/suppl/10.1021/acs.langmuir.9b02538/suppl_file/la9b02538_si_001.pdf))
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